Highlights d Commitment to T lineages is paired with global changes in the regulome and 3D nucleome 
In Brief
Cellular differentiation and cell-fate choice involve substantial chromatin reorganization. Through an integrative analysis of the regulome, 3D nucleome, and transcriptome, Hu and Cui et al. uncover abrupt global changes in the regulome and 3D nucleome at the DN2-to-DN3 transition, establishing a chromatin barrier to lock cell fate into the T lineages.
INTRODUCTION
The chromatin of the mammalian genome is organized into a highly ordered structure of different hierarchies, including large-scale organizations such as ''AB'' compartments and topologically associating domains (TADs) (Dekker and Heard, 2015; Denker and de Laat, 2016; Dixon et al., 2016) . The A and B compartments are implied as transcriptionally active and repressive chromatin environments, respectively. Although the two large-scale chromatin organizations could be created through independent mechanisms (Flyamer et al., 2017) , both AB compartments and TADs contribute to transcription regulation together with fine-scale chromatin looping between regulatory elements and gene promoters (Dekker and Heard, 2015; Denker and de Laat, 2016; Dixon et al., 2016; Rao et al., 2014) .
The study of chromatin conformation in the immune system is an emerging field (Hu and Zhao, 2016) . A pioneer study by Spilianakis and Flavell (2004) illustrated the 3D chromatin organization regulated by GATA3 at the locus control region of T helper 2 cells. We and others explored 3D chromatin organization and its potential regulatory roles in transcription in various cultured and primary cells of the hematopoietic systems (Bunting et al., 2016; Chepelev et al., 2012; Javierre et al., 2016; Kieffer-Kwon et al., 2013; Lin et al., 2012; Martin et al., 2015; Mumbach et al., 2017; Placek et al., 2017) . Nevertheless, few have investigated the potential role of chromatin reorganization in cell-fate decision in immune cells, especially under physiologic conditions.
The differentiation of hematopoietic stem and progenitor cells (HSPCs) to the T cell lineages involves several phenotypically well-defined intermediate stages-including multipotent progenitor (MPP), common lymphoid progenitor (CLP), early T precursor (ETP), CD4 and CD8 double-negative 2 (DN2), DN3, DN4, and double-positive (DP) cells-before the mature CD4 or CD8 single-positive T cells are generated (Yui and Rothenberg, 2014) . Among these stages, the DN2-to-DN3 transition is associated with T lineage commitment, and the DN4-to-DP transition represents a key step for b-selection to ensure in-frame TCRb gene rearrangement for committed thymocytes (Carpenter and Bosselut, 2010) . The choice of T cell fate is driven by Notch signaling and is controlled by the orchestration of key transcription factors (Mercer et al., 2011; Naito et al., 2011; Yui and Rothenberg, 2014) . Explorations on the epigenetic landscape of early T cell precursors have uncovered critical roles of epigenetic marking in establishing T cell identity (Zhang et al., 2012) . However, because of technical difficulties, how chromatin states and 3D chromatin interaction coordinate early T differentiation and commitment has not been examined.
In this study, we systematically investigated the dynamics of regulomes, 3D nucleomes, and transcriptomes of eight developmental stages, from HSPCs to mature CD4 + T cells. Our results revealed abrupt genome-wide changes in chromatin accessibility, (legend continued on next page) intra-TAD connectivity and AB compartment organization during the transition from DN2 to DN3, a trend further reinforced at the DN4-to-DP transition. Our results suggest that a chromatin barrier was established during early T cell development to lock the cells into the T cell fate.
RESULTS

Accessible Chromatin at Genes with Critical Functions in Early T Cells
To investigate the dynamics of regulomes during differentiation of HSPCs to T cells, we isolated HSPCs and MPP and CLP cells from mouse bone marrow and ETP, DN2, DN3, DN4, and DP cells from the thymus (Bhandoola and Sambandam, 2006) (Figure 1A and Figure S1A ). For each cell type, we profiled its genome-wide distribution of DHSs by applying single-cell DNase sequencing (scDNase-seq) (Jin et al., 2015) to 1,000 cells (Table S1 ). Examination of the DHS data revealed dynamic regulation of chromatin accessibility at regulatory regions of genes with critical functions in early T cell development. Spi1 encodes the ETS-domain transcription factor PU.1, which is required for multipotency of hematopoietic progenitors and the differentiation to myeloid and B-lymphoid cells (Yui and Rothenberg, 2014) . The expression of Spi1 was high from HSPCs to DN2 cells, was reduced in DN3 cells, and reached basal level in DN4 and DP cells ( Figure 1B , parenthetical numbers in left panel) (Zhang et al., 2012) . The Spi1 promoter exhibited a substantial reduction in accessibility at the DN3 stage and then became largely inaccessible at the DP stage ( Figure 1B , blue box in left panel). Even though the expression of Spi1 decreased by over 2-fold from ETP to DN2, there was no detectible change in chromatin accessibility at the promoter until the next transition, suggesting that the chromatin compaction at the Spi1 promoter lags behind expression change. In contrast, Bcl11b, which encodes a zinc finger transcription factor required for the differentiation and survival of ab T lymphocytes (Ikawa et al., 2010; Li et al., 2010a; Li et al., 2010b) , only started to be expressed in precursors immediately before T cell commitment at the DN2 stage (Figure 1B, parenthetical numbers in middle panel) . However, its promoter region and a part of a super-enhancer region located $760,000 bp downstream ) appeared accessible as early as in HSPCs. The Bcl11b expression was associated with a substantial increase in DHSs, both at the promoter and the super-enhancer regions at DN2, and these signals were further strengthened at the DN3 and DP stages ( Figure 1B , solid red rectangles in middle panel). This increase in chromatin accessibility was also notable at several clusters of regulatory sites, located between Bcl11b promoter and the superenhancer, that were inaccessible in HSPCs ( Figure 1B , dashed red rectangles in middle panel). The dynamics of chromatin accessibility suggest that the activation and sustained expression of Bcl11b was accompanied by a stepwise activation of a poised enhancer from progenitors and new enhancers acquired during development. Notch1, which encodes a transmembrane receptor of the Notch signaling pathway required for T cell commitment, also exhibited dynamic changes in expression and enhancer usage during development ( Figure 1B and more details later). Together, these initial analyses indicate that the dynamics of chromatin accessibility at regulatory regions of critical regulators are characterized by a stepwise opening or closing preferentially occurring at the DN2-to-DN3 transition during development.
Regulome Reorganization Is Associated with T Cell Commitment
To test the generality of the above observations, we identified a total of 62,483 DHSs from all developmental stages and identified the differential DHSs between any two developmental stages. A substantial fraction of the DHSs displayed differential accessibility during the differentiation from HSPCs to DP cells: $24,000 (59%) in non-promoter regions and $6,000 (33%) in promoter regions (Figures S1B and S1C). The largest changes in accessibility at DHSs between neighboring stages were observed for the transition from DN2 to DN3 and for the transition from DN4 to DP, whereas only marginal changes were detected for all other combinations ( Figure 1C) . A heatmap visualization of the number of increased and decreased DHSs for all pairs of stages for non-promoter regions ( Figure 1D ) and promoter regions ( Figure S1D ) revealed one abrupt global change at the DN2-to-DN3 transition and another at the DN4-to-DP transition.
To further characterize the dynamics of DHSs across the eight development stages, we defined a change in accessibility to be concordant for a DHS if an increase (or decrease) in accessibility was found between at least two stages but a reversal of this change did not occur between any other two stages. Among all the differential DHSs, 93%-98% exhibited concordant changes, whereas only 2%-7% exhibited transient changes ( Figure 1E ). This result implies that the reorganization of the chromatin accessibility landscape during early T cell development is characterized by a unidirectional opening at regulatory regions of target lineage and a unidirectional closing at regulatory regions of alternative lineages.
To examine the relationship of DHS dynamics between the DN2-to-DN3 transition and the DN4-to-DP transition, we separated all DHSs with concordant changes from HSPCs to DP cells into two groups on the basis of whether significant changes were observed at the DN4-to-DP transition or not. Of all the 24,000 differential DHSs in non-promoter regions, about 13,000 changed (D) Heatmap showing the numbers of differential DHSs in non-promoter regions, increasing (left) or decreasing (right) in chromatin accessibility, between any two stages from HSPCs to DP cells. Black and red arrowheads mark the DN2-to-DN3 transition and the DN4-to-DP transition, respectively. (E) Distributions of concordant differential DHSs in promoter regions (top) and in non-promoter regions (bottom). (F) Heatmap visualization of scDNase-seq reads across all developmental stages for non-promoter DHSs showing a concordant change in chromatin accessibility from HSPCs to DP cells but no remarkable difference in chromatin accessibility at the DN4-to-DP transition. The read densities were transformed into Z scores per DHS (column). An arrowhead marks the DN2-to-DN3 transition. (G) Boxplot of the distribution of the difference in the Z-scored scDNase-seq read density between two neighboring stages for DHSs that exhibited a concordant increase (top) or decrease (bottom) in accessibility from HSPCs to DP cells but not at the DN4-to-DP transition. Red coloring indicates the DN2-to-DN3 transition. Heatmap showing the distribution of domain scores (transformed into Z scores) across the eight stages from HSPCs to DP cells for TADs (hierarchically clustered) demonstrates substantial variation in intra-TAD connectivity across the stages (adjusted p value < 0.05; ANOVA). Black and red arrowheads mark the DN2-to-DN3 transition and the DN4-to-DP transition, respectively. (D) Scatterplot of the change in the Z score of domain scores at the DN2-to-DN3 transition and at the DN4-to-DP transition for TADs showing a decrease (blue dots) or increase (red dots) in domain scores as defined in (C). r is Pearson's correlation coefficient.
(legend continued on next page) accessibility during the DN4-to-DP transition ( Figure S1E ). Gene Ontology analysis revealed that increased DHSs were linked to T cell differentiation, whereas decreased DHSs were associated with differentiation of alternative lineages ( Figure S1E ). DHSs with a concordant increase are generally enriched in RORgt, ETS, and TCF motifs ( Figure S1E ). DHSs with concordant decreases during the DN4-to-DP transition were not enriched in any specific transcription factor binding motif. However, DHSs with concordant decreases in earlier stages other than the DN4-to-DP transition were specifically enriched in the binding motif of PU.1 ( Figure S1E ). To examine the dynamic DHS changes during earlier differentiation, we utilized heatmaps to visualize accessibility changes across all stages for the DHSs that changed significantly at stages other than the DN4-to-DP transition. This analysis uncovered a remarkable abrupt transformation of both increased and decreased accessibility at the DN2-to-DN3 transition, a checkpoint for T cell commitment ( Figure 1F , arrowhead), which was further confirmed by a quantitative comparison of the difference in DHSs between two neighboring stages ( Figure 1G ). Interestingly, the DHSs exhibiting significant changes at the DN4-to-DP transition also exhibited a global transformation at the DN2-to-DN3 transition ( Figure S1F , black arrowhead), and two transitions showed the same direction of change ( Figure S1G ). Together, these results indicate that an abrupt global reorganization of accessibility of DHSs at the DN2-to-DN3 transition is associated with T lineage commitment and is further reinforced at the later transition from DN4 to DP cells.
Changes of Intra-TAD Connectivity Coincide with T Cell Commitment TADs are high-order chromatin organizations that can affect gene expression and cell differentiation programs (Dixon et al., 2012; Nora et al., 2012; Sexton et al., 2012) . To investigate whether the reorganization of chromatin at the TAD level also occurs at key checkpoints of early T cell development, we obtained genome-wide chromatin interaction data according to the 3e Hi-C protocol (Ren et al., 2017) (Table S2 ). Based on the principal-component analysis (Lin et al., 2012) , a comparison of compartment organization across chromosomes between replicates revealed that biological replicates were highly reproducible ( Figures S2A and S2B) .
To explore potential domain-wide changes in interaction frequency during differentiation, we identified a total of 4,176 TAD boundaries from the eight developmental stages ( Figure S2C ). We narrowed these down to TADs with significant variation in domain scores (or in intra-TAD connectivity), defined as the ratio of intra-TAD PETs (paired-end tags) to all its cis PETs (Chandra et al., 2015) , across the eight developmental stages. Inspection of key regulator genes of hematopoiesis revealed certain discordance in gene silencing and reorganization of interaction frequency within TADs during the differentiation of HSPCs to T cells. Meis1, encoding a transcription factor critical for selfrenewal of HSPCs (Ariki et al., 2014) , became silenced at the DN2 stage ( Figure 2A , parenthetical numbers in left panel). However, the chromatin interaction frequency within the TAD enclosing the Meis1 locus and an adjacent TAD started to decrease only at DN3 or DN4 (Figures 2B, arrowheads in panels II and III), suggesting a delay in the loss of chromatin connectivity among regulatory sites after gene silencing. In contrast, a coincidental increase in chromatin interaction frequency within the TAD containing Bcl11b was observed given that the gene was activated at the DN2 stage (Figures 2B, arrowheads in panels IV and V).
To explore the global changes in chromatin interaction within TADs across the developmental process, we employed unsupervised hierarchical clustering analysis of TADs exhibiting significant variations in the domain score. As shown by the heatmap, a sharp global change in domain scores of many TADs was observed from DN2 to DN3 ( Figure 2C , black arrow). Additionally, another global change in domain scores occurred from DN4 to DP ( Figure 2C , red arrow). These results were confirmed by a quantitative comparison of the differences in domain scores between two neighboring stages ( Figure S2D , red and green lines). Further analysis revealed that the changes in domain scores between the two transitions were positively correlated ( Figure 2D ), suggesting that the changes in interaction within TADs during the DN2-to-DN3 transition are reinforced later by the changes during the DN4-to-DP transition. Altogether, we discovered a global reorganization of chromatin structure at local DHSs and within global TADs during the transition from DN2 to DN3, a T lineage commitment checkpoint that is reinforced at a later developmental transition from the DN4 stage to the DP stage.
Relationship between Changes in Intra-TAD Connectivity and Gene Expression The change in intra-TAD connectivity is correlated with the change in chromatin accessibility and the change in transcription of enclosing genes (Krijger et al., 2016) . As expected, DHSs from TADs with increased connectivity tended to become more accessible, whereas those from TADs with decreased connectivity generally became less accessible during the developmental process ( Figure S2E ). As for expression change, genes from TADs with an increase in domain score generally increased in expression ( Figure S2F , upper panel). In contrast, genes from TADs with a decrease in intra-TAD connectivity generally reduced their expression from the hematopoietic stem cell (HSC) stage to the DP stage ( Figure S2F , lower panel).
To investigate the timing relationship between changes in intra-TAD connectivity and gene expression, we focused on TADs that showed a decrease in domain score and narrowed them down to those that contained genes initially expressed in HSPCs but finally silenced in DPs. The analysis revealed that the decrease in domain score lagged behind the expression decrease for 50% of TADs ( Figure 2E , red rectangle). As for TADs that showed an increase in domain score, we narrowed (E) Heatmap visualization of the average expression of differential genes (fold change > 2) within TADs that showed a decrease or increase in domain scores from HSPCs to DP cells and of the domain scores of the TADs, hierarchically clustered according to the average expression. Left: TADs that showed an average expression of differential genes higher than 1 in HSPCs and less than 1 in DP cells. Right: TADs that showed an average expression of the differential genes less than 1 in HSPCs and higher than 1 in DP cells. The red rectangle indicates TADs whose change in domain score fell behind their change in expression, and the green rectangle indicates TADs whose change in domain score preceded their change in expression. (legend continued on next page) them down to those that contained genes initially silenced in HSPCs but finally expressed in DPs. In about 75% of the TADs, the increase in intra-TAD connectivity preceded the expression onset of the enclosing genes ( Figure 2E , green rectangle), suggesting that the chromatin interactions are preconfigured before actual gene activation.
Reorganization of 3D Nucleome at Key Regulators Underlies T Cell Commitment
The abrupt global changes in chromatin accessibility and TAD connectivity at the DN2-to-DN3 and DN4-to-DP transitions led us to ask whether a gene transcription program would follow the same trend. To this end, we identified differentially expressed genes during development, and we identified those with a concordant increase or decrease in expression by following the same rules introduced for DHS and interaction analyses (Table S3) . Surprisingly, a large fraction (up to 46%) of the differentially expressed genes exhibited transient changes during the developmental process ( Figure 3A ). Nevertheless, for genes exhibiting concordant expression increases, we observed an apparent transition in expression from the DN4 to the DP stage ( Figure 3B , red arrow) but only a mild transition from the DN2 to the DN3 stage; for genes showing concordant expression decreases, an apparent transition occurred from the HSPC to the MPP or CLP stage ( Figure 3B , blue arrow), corresponding to the loss of full-lineage potentials of HSPCs in hematopoiesis.
We next investigated whether the reorganization of chromatin interaction of genes underlies the known transcriptional reprogramming in T cell lineage commitment. To this end, we identified 1,236 and 1,016 genes displaying significant increases and decreases, respectively, in long-range interactions from the uncommitted stages (HSPC to DN2) to the committed stages (DN3 to DP) ( Figure S3A and Table S4 ). As examples, Bcl11b and Ets1 exhibited increases in chromatin interaction (Figures 3C and 3D) , whereas Hmga2 and Meis1 exhibited decreases in chromatin interaction after T lineage commitment (Figures S3B and S3C) . Gene Ontology analysis revealed that the genes with increased interaction were enriched in immune functions whereas the genes with decreased interaction were enriched in functional terms related to lineages other than T cells, such as ''neurological system process'' ( Figure 3E ). The decrease in chromatin interaction of a gene, potentially with distal regulatory elements, was associated with a general decrease in expression, exemplified by Hmga2, Meis1, Mef2c, Lmo2, and Bcl11a, which encode transcription factors important for multi-potency of HSPCs and differentiation of alternative lineages ( Figure 3F , blue dots). The correlation between interaction increase and expression increase was overall not remarkable ( Figure 3F , red dots). However, the positive correlation was observed for a subset of genes (such as Bcl11b, Ets1, Tcf7, Cd3d, Cd3e, Cd3g, Lef1, and Slc16a5) that carry critical functions of early T cell development, implying that the transformation of chromatin interaction underlies the transcription reprogramming of critical regulators of T cells.
A Global Flipping of AB Compartments Occurs at the DN2-to-DN3 Transition Next, we investigated the changes of AB compartment organization during the developmental process from HSPC to DP. Examination of the compartment scores (see STAR Methods) revealed apparent compartment flipping at genomic regions harboring key transcription regulators. For example, the repressive B compartment at the Bcl11b and Ets1 loci in HSPCs flipped to an active A compartment in DPs, whereas the active A compartment at the Hmga2 and Meis1 loci flipped to a repressive B compartment ( Figure 4A and Figure S4A ). Consistent with the directions of compartment flipping, DNA fluorescence in situ hybridization revealed that the Bcl11b locus moved away from the repressive nuclear periphery, whereas the Meis1 locus moved closer to the nuclear periphery from HSPCs to DP cells ( Figure S4B) . At a global level, we identified 1,218 genomic regions that exhibited AB compartment flipping between at least two stages during the developmental process ( Figure 4B ), and a substantial portion of B-to-A compartment flipping occurred at compartment boundaries ( Figure S4C , arrowheads).
By defining concordant compartment flips (see STAR Methods) similarly to concordant DHSs and TADs, we found that most of the compartment flips were concordant: 57.6% and 37.4% were from B-to-A and A-to-B, respectively, whereas only 4.9% of the flips were transient ( Figure 4B ). Principalcomponent analysis of the AB compartment scores across all developmental stages for all flipped regions revealed that the two groups of concordant flipping events were clearly separated by the first component ( Figure 4C ), such that negative loadings in the early stages (HSPC to DN2) transformed to positives in the later stages (DN3 to DP) ( Figure 4D ). Hierarchical clustering based on AB compartment scores of all flipped genomic regions separated the developmental stages into two groups, coincident with pre-and post-T lineage commitment ( Figure 4E ). Heatmap visualization of the compartment scores for all genomic regions with concordant flipping events revealed an abrupt global flipping of the AB compartment at the DN2-to-DN3 transition ( Figure 4F , black arrowhead), a pattern similar to the dramatic reorganization of accessibility of DHSs and intra-TAD connectivity. A comparison of the difference in AB compartment scores between neighboring stages revealed the greatest difference at the DN2-to-DN3 transition ( Figure S4D , red lines) and the second greatest difference at the DN4-to-DP transition ( Figure S4D , pink line). Therefore, our data suggest that the global flipping of AB compartments together with the genome-wide reorganization of accessibility at DHSs and intra-TAD connectivity during the DN2-to-DN3 transition could establish a 3D chromatin barrier to lock the cells in the T lineage. (Table S5 ). Interestingly, although the genes from the A-to-B flipped compartments were associated with the active A compartments in HSPCs, 86.1% of them were already silent in HSPCs ( Figure S4E , red arrowhead in left panel), suggesting again that the chromatin reorganization into a fully repressive status lagged behind transcriptional silencing of target genes. A side-by-side comparison between the change in compartment score and the change in expression value for the genes that were initially expressed in HSPCs and finally silenced in DPs further showed that about half of the genes were silenced at an earlier stage before they were fully converted into the B compartment at a later stage ( Figure 4G , red rectangle in left panel). Out of the 997 genes from the genomic regions with B-to-A compartment flipping, 50% were already expressed in HSPCs ( Figure S4E , red arrowhead in right panel), suggesting that the B-to-A compartment conversion in the population occurs after the onset of detectable expression. To test this idea, we narrowed the genes to those that had been initially silenced in HSPCs and finally expressed in DPs, and we compared the timing of B-to-A compartment conversion and expression onset. The expression of about 60% of the genes preceded the B-to-A compartment conversion ( Figure 4G , red rectangle in right panel). This result suggests that even within the globally repressive B compartment in HSPCs, the expression status of enclosing genes can be fine-tuned by local chromatin status. To test this possibility, we examined the histone modification patterns surrounding the promoters of target genes, and we noticed that 50%-60% of the genes from B-to-A flipped compartments were already marked by active histone mark H3K4me3 in HSPCs ( Figure S4F ), an indication of a locally permissive chromatin status despite a globally repressive environment at the compartment level in HSPCs.
We further examined the relationship between the B-to-A switch and changes in chromatin accessibility as well as H3K4me3 and H3K27me3 modifications at the DN2-to-DN3 transition. The analysis revealed that DHSs showing an increase in accessibility during the DN2-to-DN3 transition were enriched in compartment regions showing a B-to-A flip ( Figure S4G ). Similarly, DHSs showing a decrease in accessibility were enriched in compartment regions showing an A-to-B flip ( Figure S4G ). We found that compartment flipping was only modestly correlated with H3K4me3 and not with H3K27me3 (data not shown). Together, the changes in chromatin accessibility are positively correlated with changes in the AB compartment.
All Three Levels of Chromatin Reorganizations Share the Direction of Change
To illustrate the concerted reorganization of chromatin, we present an integrative view of concordant changes in AB compartments, intra-TAD connectivity, and chromatin accessibility for a 9.5 Mb genomic region in chr4 ( Figure S5A ). Genomic regions with B-to-A compartment flipping tended to contain a higher fraction of DHSs showing an increase in accessibility, whereas A-to-B compartment flipped regions contained a higher fraction of DHSs with decreased accessibility ( Figure S5B ). Similarly, TADs with an increase in domain scores were associated with B-to-A compartment flipping, whereas those with a decrease in domain scores tended to flip from the A to the B compartment ( Figures S5C and S5D ). Therefore, all three levels of chromatin reorganizations, from the global AB compartments to intra-TAD connectivity in TADs to chromatin accessibility at the local DHSs, were generally consistent in the change of direction.
The B-to-A Compartment Conversion Occurs at TAD Boundaries To investigate the relationship between AB compartment flipping and TADs, we mapped the AB compartment flipping events with respect to TADs from the eight developmental stages. The B-to-A compartment flipping events were significantly more frequent than expected by random chance at TAD boundaries, whereas the A-to-B compartment flips were significantly less frequent than expected at the boundaries ( Figures 5A and 5B ). This feature was further confirmed when we used heatmap analysis to visualize the position of TAD sub-regions that were covered by flipped compartments ( Figure 5C ), as exemplified by a B-to-A flipped region on chr1 ( Figure 5D ). In contrast, the A-to-B flipped compartment regions appeared to be enriched within the TADs ( Figure 5E ), as exemplified by an A-to-B flip within a TAD on chr9 ( Figure 5F ). Together, the results suggest that AB compartment organization and TAD structure are not disconnected structures of the genome organization.
Data Access and Integration with Public ChIP-Seq Data
To facilitate data usage, we created an online WashU Epigenome Browser session including tracks of gene expression, chromatin accessibility, AB compartment, and normalized interaction matrix for each developmental stage (see Data and Software Availability for links). It also summarized genomic regions with changes in chromatin accessibility, in compartment status, and (E) Hierarchical clustering analysis of development stages from HSPCs to DP cells according to compartment scores of concordantly flipped genomic regions. P.C. is Pearson's coefficient. (F) Heatmap visualization of compartment scores from HSPCs to DP cells for genomic regions (columns) with concordant compartment flips; they are sorted on the basis of the PC1 value from panel C. The A-to-B or B-to-A compartment flip of each genomic region is indicated at the bottom. The arrowhead indicates the DN2-to-DN3 transition. (G) Heatmap visualization of expression values and compartment scores across genes from HSPCs to DP cells for genes located in A-to-B flipped compartments, expressed in HSPCs, and silenced in DPs with a fold change over 2 (left) and for genes located in B-to-A flipped compartments, silenced in HSPCs, and expressed in DPs with a fold change over 2 (right); the scores are sorted first on the basis of a manual annotation on the timing (indicated at the bottom) of compartment conversion in relation to expression change and then hierarchically clustered on the basis of compartment scores. The red rectangle indicates genes with a delay in compartment conversion.
in intra-TAD connectivity during the developmental process and visualized promoter-enhancer interaction for developmental stages of pre-commitment and post-commitment at a resolution of 10,000 bp. The downstream regions of Bcl11b, containing a super-enhancer and the large intergenic noncoding RNA ThymoD (Isoda et al., 2017) , were shown as an example ( Figure S5E ), revealing an increased interaction with the Bcl11b promoter and confirming our earlier observation in DN3-like leukemic cell line P2C2 and in primary T cell precursors and others in in-vitro-cultured DN3 cells (Isoda et al., 2017) .
To facilitate hypothesis generation, the session also included hundreds of chromatin immunoprecipitation sequencing (ChIPseq) datasets for histone modifications and transcription factors currently available for early T cells (Table S6 ). For example, we explored the potential mechanism behind the enhancer switch in the gene body of Notch1 during early T cell development. The four switched DHSs exhibited a typical feature of enhancers with the presence of H3K4me1 and absence of H3K4me3 at corresponding stages ( Figure S5F , brown and gray tracks, respectively).On the basis of the presence of H3K27ac, two of the enhancers were active before commitment ( Figure S5F , red arrowheads and red tracks). Interestingly, the decommission of the two enhancers was accompanied by the loss of binding of PU.1 ( Figure S5F , pink tracks), a transcription factor known to induce chromatin remodeling (Marecki et al., 2004) . The other two enhancers were newly formed after commitment ( Figure S5F , blue arrowheads and red tracks). Remarkably, in DPs, the enhancers were bound by BCL11B and co-bound by SATB1, a recruiter of chromatin-modulating complexes (Yasui et al., 2002) (Figure S5F , purple tracks). The interaction landscape anchored by the Notch1 promoter with DHSs showed no remarkable difference between pre-and post-commitment ( Figure S5F , bottom two tracks). Altogether, the data integration indicates that the enhancer switch within the Notch1 locus involved gain and loss of TF binding specific to developmental stages on preexisting chromatin structures.
BCL11B Binding Accompanies an Increase in Chromatin Interaction
The commitment to T cell lineages at the DN2-to-DN3 transition is accompanied by the activation of Bcl11b (Figure 6A ), which plays a key role in lineage commitment (Ikawa et al., 2010; Li et al., 2010a; Li et al., 2010b) . To explore the function of BCL11B during early T cell development, we determined the genome-wide binding profile of BCL11B in DP cells where a sufficient number of cells were available for the ChIP-seq assay. Although BCL11B was highly enriched in regions associated with H3K27ac, it also bound to the H3K27ac-depleted and H3K27me3-enriched promoter region of the transcription factor Id2 ( Figure 6B ), which is essential for natural killer (NK) and innate lymphoid cell development because it antagonizes the basic helix-loop-helix E protein E2A and HEB (Yokota et al., 1999) . The genes co-bound by BCL11B and H3K27me3 were enriched with Gene Ontology terms such as ''nervous system development'' and ''cell part morphogenesis'' ( Figure 6C and Table S7 ), suggesting that when coexisting with H3K27me3, BCL11B serves to repress genes for other cell fates. Indeed, deletion of Bcl11b in DP cells resulted in expression increases for genes associated with both BCL11B and H3K27me3 but expression decreases for genes bound by BCL11B only ( Figure 6D) .
To explore a possible role of BCL11B in the reorganization of chromatin interaction during early T cell development when it is first expressed, we compared the chromatin interaction landscapes at BCL11B targets before and after T cell commitment. Significantly increased interactions were detected from DN2 to DP cells for TADs with elevated BCL11B binding in DP cells (Figure 6E) , as exemplified by a TAD on chromosome 11 (Figure 6F) . By integrating Hi-C data generated for bone-marrowderived DN2 and DN3 cells with public ChIP-seq data for BCL11B binding in DN3 cells (Longabaugh et al., 2017) , we found that the change in intra-TAD connectivity from primary cells during early T cell development is generally consistent with the change in interaction at the DN2-to-DN3 transition from in vitro cultured cells ( Figure S6A ). The analysis further revealed a remarkable increase in interactions at the DN2-to-DN3 transition for TADs that displayed more BCL11B binding in DN3s ( Figure S6B ), as exemplified by the TAD enclosing the Bcl11b locus itself ( Figure S6C ). These results point to a potential role of BCL11B in regulating the chromatin interaction landscape of T cells.
BCL11B Facilitates Chromatin Interactions
Because deletion of Bcl11b in early progenitor cells results in a complete blockage of the DN2-to-DN3 transition and an absence of late-stage T cells (DN3, DN4, DP, and single-positive T cells) (Ikawa et al., 2010; Li et al., 2010a; Li et al., 2010b) , we tested the effects on chromatin accessibility and interaction by deleting Bcl11b in naive CD4 + T cells ( Figure S6D ). Consistent with the observation that the regions bound by more BCL11B in naive CD4 + T cells displayed higher chromatin interaction than those in DN2 cells ( Figure S6E ), we detected more decreases in interaction induced by Bcl11b deletion in naive CD4 + T cells for TADs with more BCL11B binding ( Figure 7A ), thus supporting the hypothesis that BCL11B facilitates chromatin interaction. We found no remarkable decrease in accessibility at DHSs bound by BCl11B in BCL11B-deficient cells (data not shown), suggesting that BCL11B binding is not required for the maintenance of chromatin accessibility at regulatory sites after its establishment.
Next, we examined the Bcl11b-deletion-induced change in chromatin interaction at the gene level and its effect on gene expression. In naive CD4 + T cells, the increased number of PETs associated with BCL11B binding sites within a gene, in contrast with that in DN2 cells, was positively correlated with the BCL11B coverage across the gene ( Figure 7B ). The deletion of Bcl11b indeed induced more decrease in the interaction with genes showing higher BCL11B binding in the control cells ( Figure 7C) . Furthermore, the expression of genes with higher BCL11B binding exhibited more decrease in expression level upon deletion of Bcl11b ( Figure 7D ), as exemplified by Sp6 ( Figure 7E ). To test whether BCL11B facilitates formation of chromatin loops between CTCF sites, we used Fit-HiC to perform a chromatin loop analysis at 10 kb resolution for naive CD4 + T cells (Ay et al., 2014) . To increase confidence in prediction, we pooled the 3e Hi-C data from both the control and Bcl11b-deleted cells and predicted 2,723 interacting pairs of 10 kb bins at putative chromatin loops by integrating interaction calls from our 3e Hi-C data, CTCF ChIP-seq data, and CTCF motif orientations. We separated the interacting pairs at chromatin loops into two groups: one with at least one end bound by BCL11B (over 50% of the region; BCL11B-bound) and the other not bound by BCL11B at either end (BCL11B-free). The analysis revealed that upon deletion of Bcl11b in the naive CD4 + T cells, the BCL11B-bound group exhibited a significantly higher decrease in interaction than did the BCL11B-free ( Figure 7F ). Together, our results support the hypothesis that BCL11B contributes to the maintenance of chromatin interaction within TADs at its genes and chromatin loops.
DISCUSSION
Here, we have taken advantage of a well-defined developmental program involving multiple stages from HSPCs to early T cells to shed light on the order of changes in chromatin reorganization The p value was calculated by the K-S test.
(E) WashU genome browser image showing (1) the BCL11B ChIP-seq read distribution across a genomic region encompassing Sp6, (2) the Hi-C PETs interacting with BCL11B binding regions within Sp6 for DN2 and naive CD4 + T cells (control and BCL11B deficient), and (3) the distribution of RNA-seq read density in the control and BCL11B-deficient naive CD4 + T cells. Two independent experiments were performed.
(F) Empirical cumulative distribution of the fold change of the number of interacting PETs for genomic bin pairs at chromatin loops with both ends bound by BCL11B and for genomic bin pairs at chromatin loops with neither end bound by BCL11B. The p value was calculated by the K-S test.
and transcriptional regulation. First, we found that the conversion from an active A to a repressive B compartment status generally occurs after gene silencing, echoing our previous observation that repressive histone modification appears at promoters often after transcription silence during in vitro T cell differentiation (Zhang et al., 2012) . This finding also suggests that the maintenance of an active compartment status does not require active transcription but might be more relevant to the underlying epigenetic status and chromatin accessibility. Unexpectedly, detectable transcription was frequently observed in HSPCs at genes that only later underwent B-to-A compartment conversion, which is in contrast to the previous thought that the chromatin environment is repressive in the B compartment (Lieberman-Aiden et al., 2009; Rao et al., 2014) . Thus, our data suggest that the globally repressive B compartment can contain a locally permissive chromatin environment marked by active histone marks in HSPCs, which could further propagate into neighboring regions and result in the global active compartment status at later development stages, perhaps through phase separation (Hnisz et al., 2017) . Second, our analysis revealed that the changes in intra-TAD connectivity and gene transcription might also differ in timing: for a substantial fraction of genes, the delayed decrease in intra-TAD connectivity after gene silencing was consistent with the delayed A-to-B compartment conversion. On the other hand, the increase in intra-TAD connectivity generally preceded transcription activation, suggesting that the chromatin interaction landscape is pre-established before transcriptional outputs (Dixon et al., 2012; Spilianakis and Flavell, 2004; Stadhouders et al., 2018) . Our data suggest that BCL11B might contribute to the maintenance of the 3D nucleome in T cells. The contribution could involve local chromatin remodeling, given that BCLL11B is a subunit of the ATP-dependent chromatin remodeling switch/sucrose non-fermentable complex in T cells (Kadoch et al., 2013) , and/or it could cooperate with other transcriptional factors (such as E2A) implied to have architectural function in immune cells (Lin et al., 2012) , considering the surprising overlap in the responsive genes induced by Bcl11b deletion and E2A deletion (Longabaugh et al., 2017) . Because BCL11B is already modestly expressed by the later DN2 stage (Kueh et al., 2016) , further functional assays are required for examining whether it is involved in initiating the transformation of the 3D nucleome, perhaps through a cooperative action with other factors (such as E2A, PU.1, and TCF1) that are able to induce changes in chromatin structure (Heinz et al., 2010; Krysinska et al., 2007; Marecki et al., 2004; Xing et al., 2016) .
In summary, our comprehensive analysis of chromatin organization for eight phenotypically distinctive developmental stages, from HSPC to DP T cells, uncovered a remarkable genome-wide reorganization of the regulome and 3D nucleome at the DN2-to-DN3 transition and again at the DN4-to-DP transition. We propose that these concerted large-scale changes in chromatin organization serve as an epigenetic barrier to lock the cell fate into the T lineages. We expect that our datasets of the regulome and 3D nucleome of early T cells should fit broad interests to address fundamental questions regarding the regulation of transcriptional regulatory networks and their impact on lineage choice during cellular development and differentiation.
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EXPERIMENTAL MODEL AND SUBJECT DETAILS
Female C57BL/6J mice obtained from Jackson Laboratories (Bar Harbor, ME, USA) were used for this research. Mice were between 6 and 8 weeks of age at the time of experimentation. HSPC, MPP and CLP cells were isolated from bone marrow by staining with a combination of antibodies and sorting by FACS Aria II (BD Biosciences). ETP, DN2, DN3, and DN4 cells were isolated from thymus by staining with a combination of antibodies and sorting by FACS Aria II (BD Biosciences). All animals received humane treatment in accordance with National Institutes of Health guidelines and the ''Guiding Principles for Research Involving Animals and Human Beings.'' This study was reviewed and approved by the Institutional Animal Care and Use Committee of the National Heart Lung and Blood Institute. Animal work done at Caltech was approved by Institute Animal Care and Use Committee at Caltech.
METHOD DETAILS
Collection of primary early T cells HSPC, MPP and CLP cells were isolated from bone marrow as described previously (Bhandoola and Sambandam, 2006) . Briefly, femurs from C57BL/6 mice were removed and the marrow flushed out with isolation buffer. The marrow was drawn through a syringe to make a single cell suspension, red blood cells were lysed, and the remaining white blood cells were pelleted. B cells and Granulocytes were depleted by adding 2.5 mg of unlabeled anti-CD19 and 2.5 mg of anti-GR1 per 1x10 8 cells and incubating on ice for 30minutes. BioMag Goat anti-rat IgG beads from QIAGEN (3 mL per 1x10 8 cells) were washed and resuspended in half of the original volume with FACS buffer. The cells were washed, resuspended in 1.5ml per 1x10 8 cells, and combined with beads.
The cells/beads mixture was turned on a rotator at 4 C for 40 minutes, and then placed on a magnet to remove bead-bound cells and collect the suspension. Cells were then spun down and resuspended for staining. Surface marker antibodies used were: FITC-Lineage-(MAC1, GR1, Ter119, B220, CD3e), PE-AA4.1, PE-CF594-Flt3, PE-Cy5.5-Sca1, PE-Cy7-c-kit, APC-IL-7Ra. HSPC (Lin - ) were FACS-sorted. The expression of Il7ra in CLP is exceedingly high in CLP (RPKM = 154), compared to a basal level expression in HSPC and DP (RPKM z1), and a 6-44-fold lower expression from DN2 to DN4.
ETP, DN2, DN3, and DN4 cells were isolated from thymus. A single cell suspension from thymus was prepared, and stained for 30 min on ice with 2.5 mg of unlabeled anti-CD8 and 1.25 mg of anti-CD4 per 1x10 8 cells. As for bone marrow suspensions, BioMag
Goat anti-rat IgG beads from QIAGEN (3 mL per 1x10 8 cells) were washed and resuspended in half of the original volume with FACS buffer. To deplete CD4 + and CD8 + cells, the suspended cells were washed after staining, added to the beads, and rotated at 4 C for 40 minutes. Bead-bound cells were then removed by placing the mixture on a magnet and collecting the suspension. Cells were then spun down, resuspended, and stained with surface marker antibodies. Two Lin depletion cocktails were used to ensure purity of DN T cell precursors: FITC-Lineage-(NK1.1, TCRb, TCRg, MAC1, B220, Ter119, CD3e, CD8b, CD19, GR1), and APC-Lineage-(CD8a, CD11c). DN subset marker antibodies were PE-Cy7-c-kit and PE-CD25. ETP (Lin low -) were FACS-sorted. Without CD44 marker, the cKit -CD44 + DN1s is expected in DN4s. However, the expression of Cd44 in DN4 is only about 5% of that in ETP, suggesting a minor effect imposed by the potential contamination of DN1s in DN4s on our analysis. Our sorting criteria for DN3s included also DN2bs. DP cells were isolated from the initial thymus single cell suspension by staining with anti-CD4 and anti-CD8 antibodies, followed by sorting the double positive cells (CD4 + CD8 + ), which contained both pre-selection (TCRb low to medium) and postselection (TCRb high) cells. DP cells from Bcl11b fl/fl -CreERT2 (Li et al., 2010b ) male mice were isolated and treated with Tamoxifen for 3 days to delete Bcl11b. Naive CD4 + T cells (CD4   +   CD44   low   CD25   -CD62L high ) with Bcl11b deletion were isolated by FACS soting from Bcl11b fl/fl -CreERT2 mice treated with Tamoxifen (i.p. 3mg in 150 ul corn oil) for 6 days.
Generation of bone marrow-derived DN cells
To generate Hi-C libraries for in vitro differentiated DN2 and DN3 cells, bone marrow (BM) was obtained from C57BL/6 mice. Hematopoietic stem cells were enriched by positive selection using a magnetic-bead-conjugated antibody specific for c-kit (Miltenyi Biotec) and a MACS LS column (Miltenyi Biotec). To generate BM-derived DN (BMDN) cells, enriched c-Kit + BM cells were added to culture dishes with confluent OP9-DL1 stromal cells to provide a Notch pathwaey-stimulating environment, and the cells were co-cultured for 14 days as described elsewhere (Li et al., 2010a) . From these pools, DN2 and DN3 BMDN cells were sorted with FACS Aria (BD Bioscience) based on expression of c-kit, CD25, and CD44 (Yui et al., 2010) , with CD45 staining to exclude stromal cells and excluding Lin+ non-T and mature T cells with a Lin cocktail consisting of Abs against CD8a, CD11b, CD11c, CD19, Ly-6c, NK1.1, TER119, TCRgd, and TCRb.
scDNase-Seq
Detailed procedures for scDNase-Seq (in duplicates) were reported previously (Jin et al., 2015) . Briefly, for scDNase-Seq, 1000 purified cells were lysed in 32ml of lysis buffer (10mM Tris-Cl, pH7.5, 10mM NaCl, 3mM MgCl2) and digested with 8ml of DNase I (0.3 units/ml) for 5 min at 37 C. The reaction was stopped by adding 40ml of stop buffer containing 10mM Tris-Cl, pH7.5, 10mM NaCl, 10mM EDTA, 2% SDS, 0.5mg/ml Proteinase K, and 1ng/ml of circular carrier DNA), followed by incubation at 65 C for 1 hour and DNA purified by phenol-chloroform extraction, followed by precipitation with ethanol in the presence of 20 mg glycogen. The DNA was end-repaired in 25 mL of reaction volume at 37 C for 20 minutes using End-It DNA-Repair kit (Epicenter, Cat#ER81050). Following phenol-chloroform extraction and ethanol precipitation, the DNA was treated with Klenow enzyme (3 0 -5 0 exo minus) and dATP to yield a protruding 3 0 'A' base. The DNA was then ligated with the ''Y''-shaped Illumina adaptor and amplified for 18 cycles using indexing primers as described. PCR products between 160-300bp were isolated on 2% E-gel for sequencing on Illumina Hiseq2500.
ChIP-Seq
ChIP-Seq analysis of BCL11B binding performed at the NIH was as described previously (Barski et al., 2007) . Briefly, five millions of cells were fixed for 10 min with 1% formadehyde in complete medium, sonicated and chromatin immunoprecipitation was performed with antibodies against BCL11B (Bethyl (cat# A300-385A) and CST (cat#: 12120)) in DP cells. ChIP DNA was end-repaired using an End-It DNA End-Repair Kit (Epicenter, Cat# ER81050).
The sequencing libraries were prepared as described for the scDNase-Seq libraries above. H3K27ac and independent sets of BCL11B ChIP-Seq samples of total thymocytes (> 80% DP cells; 10 million) were also generated using 7.5 mg anti-H3K27ac (Abcam, ab4729) and anti-BCL11B (Bethyl #A300-383A) at Caltech. The ChIP procedure essentially followed previous description by Zhang et al. (2012) , except that thymocytes were fixed with 1.5 mM ethylene glycol bis (succinimidyl succinate) (EGS, Thermo fisher, IL) in PBS for 30 minutes at room temperature, followed by addition of formaldehyde to 1% final concentration and incubation for 10 min at 37 C for indicated samples. ChIP-seq libraries were constructed using NEBNext ChIP-Seq Library Preparation Kit (NEB #E6240) following manufacturer's instructions. ChIP DNA was purified and end-repaired using a combination of T4 DNA polymerase, E. coli DNA Pol I large fragment (Klenow polymerase) and T4 polynucleotide kinase. The blunt, phosphorylated ends were treated with Klenow fragment (3 0 to 5 0 exo minus) and dATP to yield a protruding 3 0 'A' base for ligation of NEBNext Multiplex Oligos for Illumina (NEB #E7335) which have a single 3 0 overhanging 'T' base and a hairpin structure. After ligation, adapters were converted to the 'Y' shape by treating with USER enzyme and DNA fragments were size selected using Agencourt AMPure XP beads (Beckman Coulter #A63880) to generate fragment sizes between 250 and 350 bp. Adaptor-ligated DNA was PCR amplified for 18 cycles followed by AMPure XP bead clean up. Libraries were quantified with Qubit dsDNA HS Kit (ThermoFisher Scientific #Q32854) and the size distribution was confirmed with High Sensitivity DNA Kit for Bioanalyzer (Agilent Technologies #5067).
RNA-Seq
Three thousand cells were sorted into 700 mL of QIAzol Lysis Reagent (miRNAeasy Micro Kit (QIAGEN, Cat#217084). Total RNA was extracted and on-column digestion with DNase (QIAGEN, Cat#79254) was performed, followed by elution with 10 mL of RNase-free water. Total RNA from 1K cells was reverse transcribed by SuperScript II (Invitrogen, Cat#18064-014) with oligo-dT and LNAcontaining TSO primers in a final reaction volume of 10 mL using the condition: 42 C for 90min, 10 cycles of 50 C 2min to 42 C 2min, 70 C for 15min and hold at 4 C. cDNA was pre-amplified by PCR using KAPA HiFi HotStart ReadyMix (KAPABIOSYSTEMS Cat#KK2602) with IS PCR for 12 cycles in 25 ml. PCR products were purified by Ampure XP beads (Beckman Coulter, Cat#A63881) and eluted with 17.5 mL Nuclease-free water as described for Smart-seq2 method (Picelli et al., 2014) . PCR preamplified cDNA (40 ml) was sonicated to 200$400 bp by Bioruptor Pico (Diagenode) for 15 cycles (30 00 on and 30 00 off). Sonicted cDNA was blunt-ended by End-It DNA-Repair kit (Epicenter, Cat#ER81050), ligated to ''Y'' adaptor and PCR-amplified for 12 cycles and sequenced as described for the scDNase-seq libraries.
3e Hi-C applied to small number of cells This multiple-enzyme Hi-C (3eHi-C) method (Ren et al., 2017) for small cell numbers was performed as following for multiple biology replicates (n = 2 or more) for each developmental stage from HSC to DP. Five thousand to 1,000,000 cells were stained with Biotin anti-CD45.2 antibody, bound to biotin binder (Dynabeads Biotin Binder, Cat#11047, Invitrogen) and cross-linked with 1% formaldehyde. Biotin binders were blocked by 0.5mM biotin solution. Cells were lysed and subsequently digested with 20 Units CviQ I (NEB), and 20 Units CviA II (NEB) at 25 C for 20 minutes, then 20 Units Bfa I (NEB) at 37 C for 20 minutes. The reaction was stopped by washing the cells twice with 600 mL wash buffer (10mM NaCl, 1mM EDTA, 0.1% triton-100). The samples were processed following the Hi-C protocol (Lieberman-Aiden et al., 2009 ) with modifications briefly described as follows: DNA ends were marked by biotin-14-dATP with Klenow (large) for 1hr at 37 C. Blunt-end DNA fragments were ligated with T4 DNA Ligase overnight at 16 C. DNA was then reverse cross-linked and purified by phenol/chloroform extraction. Biotin was removed from unligated DNA-ends by T4 DNA polymerase for 2hrs at 12 C. DNA was purified by phenol/chloroform and sheared to 300-500 bp by sonication followed by DNA-end repair and addition of ''A'' (Barski et al., 2007) . Biotin labeled DNA was pull-downed by streptavidin beads followed by Illumina adaptor ligation and PCR amplification. DNA fragments of 300 to 700 bp were isolated 2% agarose gel and sequenced by paired-end sequencing on Illumina Hiseq 2500.
DNA-FISH
Gene specific probes were prepared from BAC clones for the specific area of interest. The BAC clones used were: Bcl11b -RP23-384C13; Meis1 -RP23-377H12. DNA extraction was performed using the QIAGEN Maxi Kit (QIAGEN, Hilden, Germany). Each probe was labeled via nick translation with Bcl11b in Spectrum Orange (Abbott) and Meis1 in Dy-505 (Dyomics, Jena, Germany). The locations of both BAC clones were confirmed by FISH on control metaphase chromosomes. Slides were prepared by washing cells in 1xPBS, then adhered to the slide using cell-tak (BD Sciences). The slides were then fixed for 10 minutes in 4% paraformaldehyde. Slide pretreatment was done using a previously published protocol (Cremer et al., 2008) . The slides were left in 50% formamide in 2XSSC before hybridization. During hybridization, cells and probes were co-denatured at 72 C for five minutes then incubated at 37 C for 48 hours. Detection consisted of 3%NP40 in 2XSSC washes at 45 C followed by additional 2XSSC washes at room temperature. The slides were then mounted using prolong gold antifade mount with DAPI (Thermofisher, Waltham, MA). Images were acquired using the Delta Vision microscope with a 100x oil immersion objective. Images were taken in 640x640 using a 16-bit format. Image deconvolution was done using the Delta Vision software. 3D reconstruction and measurements were made using 3D-constructor and Image-Pro Plus 6.3 software packages (Media Cybernetics, Rockville, MD). The geometric centers of the DAPI stained nuclei and genes were determined and measured using the Image-Pro Plus software. 28-30 cells were analyzed.
Short read alignment
Sequence reads were mapped to the mouse genome (mm9) with bowtie2 (-p 24-no-unal and others default) (Langmead and Salzberg, 2012) . Only one read was retained for genomic site receiving multiple alignment hits, except for RNA-Seq data. Reads mapped to multiple positions (MAPQ < 10) were discarded.
Reference set of DHSs and differential DHSs
Potential DHSs for each library were predicted by SICER (Zang et al., 2009 ) from scDNase-Seq data (a window size = 100 bp, no gap, and E-value = 0.001). To minimize false positives, we considered only DHSs with predictions supported by both duplicates for each stage and created a reference set of DHSs by pooling predictions from all stages for downstream data analysis. We applied Edger 3 to call differential DHSs between any two stages from the reference set and turned on the option to consider replicate variation and batch effect (FDR < 0.001 & FC > 2) (Robinson et al., 2010) . A differential DHS should overlap with DHS peak(s) from at least one stage of two stages of interest.
We defined a change in accessibility at a reference DHS from HSPC to DP be concordant if an increase (or decrease) in accessibility was found between at least two stages, but a reversal of this change was not found between any other two stages. To examine the change pattern in chromatin accessibility from HSPC to DP at the reference DHSs that exhibited concordant change in accessibility, we sorted the DHSs into two groups based on whether significant change in accessibility was observed at the DN4-to-DP transition or not.
ChIP-Seq data analysis
Public ChIP-Seq data included H3K4me3 (Zheng et al., 2015) and H3K27me3 (Zheng et al., 2015) for HSPC, and H3K27me3 (Wei et al., 2011) , and H3K27ac (Ing-Simmons et al., 2015) for DP cells. ChIP-Seq read enriched regions (peaks) were called by SICER (Zang et al., 2009 ): window size = 200 bp, E-value = 1, and gap = 400 bp. A promoter of a gene (defined as TSS ± 2.5K bp) is enriched with a histone modification or is bound by a transcription factor, if the promoter overlaps with at least one peak is identified from the according ChIP-Seq data.
RNA-Seq data analysis
Gene expression from RNA-Seq was quantified by RPKM (Mortazavi et al., 2008 ) based on RefSeq gene annotation. Differentially expressed genes between two developmental stages were called by EdgeR 3 (Robinson et al., 2010 ) (FC > 1.5 & FDR < 0.001). A gene is defined as being expressed if RPKM > 1, a threshold to separate actively transcribed genes from genes expressed at basal level or not expressed (Hebenstreit et al., 2011) .
Prediction of AB Compartment
We adapted the method proposed by Lieberman-Aiden et al. (Lieberman-Aiden et al., 2009 ) and used HOMER (Heinz et al., 2010) to call A and B compartments for each Hi-C library at a resolution of 20Kbp. It starts with a matrix that records the raw interaction PET counts between any two genomic bins from the same chromosome. The matrix is normalized by total library size and by distance between bins (Heinz et al., 2010) . A correlation matrix is generated from the normalized matrix to record the correlation of contact profiles between any two genomic bins. Finally, HOMER (Heinz et al., 2010) applies principal component analysis to the correlation matrix to extract PC1 (compartment score), of which the positive values are arbitrarily defined to correspond to A compartment while the negative values correspond to B compartment (Heinz et al., 2010) . We manually checked chromosome-by-chromosome the overlap between the initial compartment assignment and the accessible regions from our DNase-Seq data -''seed'' regions called by HOMER (Lin et al., 2012) -to decide if the sign should be flipped by multiplying À1.
Prediction of differential compartment
We predicted compartment flip by combining the change in the sign of compartment scores, variation in compartment scores among replicates (Dixon et al., 2015) and dis-similarity of interaction profiles between genomic bins of 20kbp (Lin et al., 2012) . We first identified genomic bins with significant variability in compartment scores across all stages by using ANOVA analysis (p < 0.05). Then, we considered only bins where all replicates showed changes in compartment scores from positive to negative or vice versa as candidates of differential bins between any two stages (Dixon et al., 2015) ; in this analysis, we excluded genomic bins if any replicate-pair from the two stages exhibited similar interaction profiles as determined from their correlation matrices by HOMER (P.C. > 0.6, an indication of similar compartment status) (Lin et al., 2012) . From the remaining candidates, we identified those that showed concordant A-to-B compartment flip, namely such a flip occurred between at least two stages, but a B-to-A flip was absent between any two stages, and similarly identified those that showed concordant B-to-A flip. Finally, we merged neighboring candidate bins that shared the same flipping direction to identify genomic regions with concordant A-to-B or B-to-A compartment flip from HSPC to DP cells.
Genes from flipped compartments
We defined that a gene is associated with a compartment flip event (B-to-A, A-to-B or transient) if the gene body is overlapped with or is located within a genomic region exhibiting such a compartment flip. Genes overlapping with multiple regions with opposite flipping events were excluded. Distance estimation to periphery by DNA-FISH We estimated the relative distance of the gene to the nuclear periphery from DNA-FISH data to indicate the direction of compartment transition (A-to-B or B-to-A). As a first order of approximation, we assume the nuclear as a sphere and estimated the relative distance to periphery using the equation: d = 1-c/(v/p+3/4) 1/3 , where c is the distance to the nuclear center and v is the nuclear volume obtained from DNA-FISH data.
Calculation of gross interaction of a gene
We analyzed the change in the gross interaction of a gene, defined by the number of informative Hi-C PETs (uniquely mapped, non-redundant, and over 2Kbp) originating from the genic region of the gene. Considering our modest sequencing depth, we introduced several strategies to increase the statistic power: 1) we pooled replicates to increase sequence coverage for each stage; 2) we considered the whole genic region, extending from 5Kbp upstream of TSS to 5Kbp downstream of TES when counting PETs; and 3) we counted the number of PETs linking the gene with other regions from the same chromosome and PETs within the gene region. To control for noise from background, we excluded PETs from genomic bins not implied as interacting at a resolution of 2Kbp under a p value of 0.05 and a minimal of 2 PETs with FitHiC (Ay et al., 2014) and excluded PETs with two ends separated by less than 4Kbp or more than 2 million bp. For a fair comparison across stages, we down-sampled the pooled-library of each stage to the most limiting stage and normalized the interaction matrices by ICE (Imakaev et al., 2012) before supplying to FitHiC (Ay et al., 2014) . The number of remaining informative PETs was summarized for each gene and for each stage and was normalized by the mean within stage. Two sides t test without assuming equal variance was employed to examine the difference in gross interaction of genes between stages before and after T cell commitment, namely between stages from HSPC to DN2 and stages from DN3 to DP (FC > 1.5 and P-value < 0.05).
Visualization of chromatin interaction
The visualization of interaction matrix at a resolution of 20Kbp was achieved with a locally installed WashU epigenome browser (Zhou et al., 2013) . For visualization purpose, the interaction matrices for each chromosome were generated by combining replicates from the same stage and were normalized by ICE (Imakaev et al., 2012) , as implemented in the Hi-Corrector package (Li et al., 2015) , and by library size before supplying to the browser. The visualization of the gross interactions of representative genes was done with arc plot from the WashU epigenome browser (Zhou et al., 2013) with libraries of each stage down-sampled to the most limiting stage. The change in the number of interacting PETs originated from BCL11B binding sites within a gene was also visualized with arc plot with down-sampling to the same size.
Reference set of TAD boundaries
To call TAD boundaries, we applied TopDom (Shin et al., 2016) to the ICE-normalized (Imakaev et al., 2012) interaction matrices of every library of each stage at a resolution of 20Kbp (P value = 1E-6). We also applied it to the pooled-library from the same stage to increase sensitivities. Considering that TAD boundaries are invariant during differentiation or across diverse cell types (Dekker and Heard, 2015; Dixon et al., 2015; Dixon et al., 2012) , we created a reference set of TAD boundaries for all stages by pooling their predictions and merged adjacent boundaries. We excluded boundaries supported by only one library to minimize false positives.
Domain score of TAD We followed others (Chandra et al., 2015) to define the domain score of a TAD as the ratio of the number of intra-TAD PETs to the number of all TAD PETs. We observed that the domain score depends on TAD size, and therefore normalized the score by dividing against the average of domain scores from 1000 simulated TAD of the same size randomly distributed across the same chromosome. We further normalized the domain score of a TAD by subtracting the mean of all TADs, and applied quantile-normalization on domain scores to facilitate comparison among all Hi-C libraries. We used ANOVA analysis to identify TADs with significant variability in domain score across developmental stages from HSPC to DP cells (P-value with Bonferroni correction < 0.05).
Inference of potential chromatin loops
We identified putative interacting bin-pairs at chromatin loops by integrating interaction call for Hi-C data, CTCF ChIP-Seq data and CTCF motif orientations. Briefly, we generated ChIP-Seq data in Naive CD4 + T cells for CTCF, a transcription factor that has been extensively demonstrated and validated by others to regulate chromatin looping (Phillips and Corces, 2009 ). We focused on interacting genomic bins of 10K bp that have both ends bound by CTCF (7,756 in total) and analyzed the CTCF motif orientations within CTCF binding sites, as it is known that CTCF motifs at loops adapt convergent orientation (Rao et al., 2014) . We predicted CTCF motifs for each CTCF ChIP-Seq peak by using FIMO (Grant et al., 2011) (p < 1e-4) and annotated the one with the highest score as the most likely motif. We excluded genomic bins where the enclosing CTCF motifs within peak(s) did not share the same orientation. Encouragingly, 64% of the genomic bin-pairs exhibited convergent orientation in CTCF motifs. We therefore defined interacting bin-pairs associated with loops as those with both end bound by CTCF and with convergent orientation in CTCF motifs (#2,723 bin-pairs). We found that 35% of the bin-pairs at loops in Naive CD4 + from our studies were also found at loops in B-lymphoblasts (CH12-LX) predicted by others also at a resolution of 10K bp (Rao et al., 2014) , consistent with the notion that chromatin loops are generally conserved across cell types (Rao et al., 2014) . These results suggested that a straightforward combination of interaction call from Hi-C data with a decent sequence depth, CTCF ChIP-Seq data and motif orientation yield a reasonably good approximation of interacting bin-pairs at chromatin loops.
Counting interacting PETs at TF binding sites We quantified the BCL11B binding level by counting the number of BCL11B ChIP-Seq reads at the binding site. We used the number of PETs with one end originated from the BCL11B binding site, which is extended by 5kbp on both ends, as a first order estimation of the interaction strength of the BCL11B binding site with other genomic regions. We pooled Hi-C replicates from the same stage to increase statistic power. To reduce noise from random ligation (Ay et al., 2014) , we removed PETs separated by less than 4kbp and required a minimal of two PETs for each pair of interacting genomic bins of 2Kbp.
PCA data analysis
The principal component analysis (PCA) was adapted in two different ways to reduce the dimensionality of high dimensional data throughout the manuscript. First, it was used to infer the one-dimensional genomic AB compartment organization from interaction correlation matrix, as implemented in HOMER (Heinz et al., 2010) . Second, it projected a genomic bin of 20K bp from a high dimensional space characterized by the compartment scores across all the eight developmental stages onto a two-dimensional space from the first two principal components ( Figure 4C ). Before the PCA dimensionality reduction, the compartment scores were first technically transformed into z-scores across all genomic bins independently for each developmental stage, and then across the eight stages independently for each genomic bin; the pre-processing step would confine the PCA-based projection of the genomic bins onto within a circle from the two-dimensional space. The ''prcomp'' function from the R package ''stats'' was used for PCA analysis with both the ''scale'' option and the ''center'' option turning on.
Miscellaneous data analysis
The heat-map visualizations of compartment scores for scDNase-Seq read densities for differential DHSs, domain scores for TADs, interaction matrices, and compartment scores for genomic regions with compartment flip were made with Mev (Saeed et al., 2003) or the WashU epigenome browser (Zhou et al., 2013) . Mev was also used for the hierarchical clustering of the eight developmental stages based on compartment scores of all genomic bins. Gene Ontology analysis was performed using DAVID (Huang et al., 2009) or GREAT (McLean et al., 2010) . De novo motif finding applied to non-promoter DHSs were conducted with HOMER (Heinz et al., 2010) .
QUANTIFICATION AND STATISTICAL ANALYSIS
ANOVA analysis tested the null hypothesis that the means of domain score of a TAD are equal among different early T cells with biology duplicates (Figure 2B ). Kolmogorov-Smirnov (K.-S.) test (two-tailed) assessed the difference in the accumulated distribution of fold-change of interacting PETs within TAD ( Figures 6E and 7A and Figures S6A, S6B , and S6E), fold change of interacting PETs associated with gene ( Figures 7B and 7C ), fold change of interacting PETs at chromatin loop ( Figure 7D ), or fold change of gene expression ( Figure 7F ) between groups of TADs, chromatin loops or genes. The K.-S. test also examined the difference in the accumulated distribution of distance to nuclear periphery of a gene between single cells of HSPCs and DPs ( Figure S4B ) and the distribution in the difference in the change of compartment scores between pairs of neighboring developmental stages ( Figure S4D ). The K.-S. test is a nonparametric method that assumes no prior knowledge about the distributions of the tested variable. Two-tailed t test without assumption of equal variance tested the difference in interacting PETs of a target gene between developmental stages pre-and post-T cell commitment ( Figure 3C and Figure S3B ). One sample t test assessed the significance in the difference from an observed number of changing compartment at TAD boundaries to the mean of expectation ( Figure 5A ). Binomial test assessed the significance in the number of TAD that shows concerted change in compartment status and domain score from HSCs to DPs compared to the expectation by chance ( Figures S5C and S5D ).
DATA AND SOFTWARE AVAILABILITY
Software used in this study is listed in the Key Resources Table. The accession numbers of ChIP-Seq, DNase-Seq, Hi-C and RNA-Seq are GEO: GSE79422 (generated at the NIH) and GEO: GSE79874 (generated at Caltech).
ADDITIONAL RESOURCES
The online WashU epigenome browser session that visualizes the regulome (DNase-Seq), 4D nucleome (Hi-C), transcriptome (RNA-Seq), and 142 ChIP-Seq datasets (see also Table S6 ) of early T cells is available at http://epigenomegateway.wustl. edu/browser/?genome=mm9&session=bxT0F5m0YY. An instruction and examples for accessing the session is available at http://wangftp.wustl.edu/$dli/4DN_Tcells/readme.pdf.
